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Bacterial nanotubes mediate bacterial growth on
periodic nano-pillars†
Yunyi Cao,a Saikat Jana,b Leon Bowen,c Hongzhong Liu,
Nicholas S. Jakubovics e and Jinju Chen *a

d

Surface topography designed to achieve spatial segregation has shown promise in delaying bacterial
attachment and biofilm growth. However, the underlying mechanisms linking surface topography to the
inhibition of microbial attachment and growth still remain unclear. Here, we investigated bacterial
attachment, cell alignment and biofilm formation of Pseudomonas aeruginosa on periodic nano-pillar
surfaces with diﬀerent pillar spacing. Using fluorescence and scanning electron microscopy, bacteria
were shown to align between the nanopillars. Threadlike structures (‘‘bacterial nanotubes’’) protruded
from the majority of bacterial cells and appeared to link cells directly with the nanopillars. Using DfliM
and DpilA mutants lacking flagella or pili, respectively, we further demonstrated that cell alignment
behavior within nano-pillars is independent of the flagella or pili. The presence of bacteria nanotubes
was found in all cases, and is not linked to the expression of flagella or pili. We propose that bacterial
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nanotubes are produced to aid in cell–surface or cell–cell connections. Nano-pillars with smaller
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nano-pillars with narrow spacing can be easily overcome by nanotubes that connect isolated bacterial

spacing appeared to enhance the extension and elongation of bacterial nanotube networks. Therefore,
aggregates. Such nanotube networks may aid cell–cell communication, thereby promoting biofilm
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development.

1 Introduction
Bacterial cells can colonize surfaces and form biofilms that
consist of microbial cells embedded in extracellular polymeric
substances (EPS).1,2 The unique structure of biofilms protects
bacteria from the surrounding environment, conferring a
capacity for persistence against phagocytosis, oxidative stresses, nutrient/oxygen restriction, metabolic waste accumulation,
interspecies competition, and conventional antimicrobial agents.3
Bacterial biofilms can cause persistent human infections and can
foul the surface of medical devices.4,5 For example, Pseudomonas
aeruginosa, an organism well-known for its capacity to form
biofilms, is an opportunistic pathogen and is one of the top three
causes of opportunistic human infections,6 causing nosocomial
infections in catheter lines, or chronically infecting the lungs of
cystic fibrosis patients.3,6 Biofilm formation by P. aeruginosa is
a
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responsible for antimicrobial tolerance and causes major
problems for treatment of infections.7 Additionally, P. aeruginosa
is intrinsically resistant to a variety of antibiotics and disinfectants and multi-drug resistant (MDR) strains have been
identified.3,8 Therefore, it is important to develop biomaterials
that can control biofilm growth thereby reduce infections.
In particular, surface modifications that physically create
rational surface topographies have attracted attention in recent
years, and have shown to inhibit bacterial attachment and
biofilm growth without the use of antimicrobials.2,9–11 A comprehensive understanding of the interactions between bacteria
and materials with different surface topographies may pave the
way for more effective strategies to control biofilm growth.
Surface patterning is an important determinant of bacterial
attachment. Bacterial attachment is favoured on recessed
portions of patterned surfaces, and bacteria tend to attach
preferentially to patterns in the micro or nanometre range
rather than to smooth surfaces.11 Jeong et al.12 showed that
Shewanella oneidensis recognized nanoscale structures and
attached preferentially with alignment along the length direction
of nanowires. Hochbaum et al.4 found that P. aeruginosa
PA14 tended to maximum their contact area with the surface,
forming a spontaneous cell alignment between periodic nanopillars with a post pitch of 2.2, 0.9 and 0.7 mm. Subsequent
work showed similar behaviour as P. aeruginosa aligned within
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subcellular-nanogratings,13 Escherichia coli orientated towards
surface line patterns,14 and Pseudomonas fluorescens were
trapped preferentially in surface trenches.15 As such, topographical
features with micrometre or submicrometer length scales (i.e.,
comparable with the length scale of the bacteria themselves)
can influence the arrangement of adhered cells during the early
stage of biofilm development.4,16,17 However, the underlying
mechanism that results in the observed arrangements of cells
is currently unclear,4,13,14 which hinders the development
of an overarching understanding of bacterial cell–material
interactions.
In this paper, the alignment, attachment of bacteria and
biofilm growth were investigated on nano-pillars with systematic
variations in dimensions. P. aeruginosa PAO1-mCherry were
incubated with surfaces for 2 hours or 24 hours, and were
visualized by fluorescence microscopy and scanning electron
microscopy (SEM). By using bacterial mutants (PAO1 DfliM and
DpilA), we show here that cell alignment of the initial attachment
(B2 h) is a general phenomenon within these bacterial strains.
Additionally, bacterial nanotubes were observed via highresolution SEM, and may play roles in cell–cell communication.
After 24 hours, nanotube networks were apparent and may aid
the connection of isolated cell clusters, by overcoming the
pillars and masking surface topographies. We suggest that
bacterial nanotubes may play critical structural functions in
biofilm formation on patterned surfaces.

2 Experimental section
2.1

Fabrication of surface substrates with nano-pillars

Nano-pillars were fabricated via e-beam lithography and softlithography (double-moulding) methods (see Fig. S1, ESI†).
All pillars were set to have a height of 2 mm. The top of pillars
was set to have a diameter of 500 nm, and the space between
adjacent top pillars was set to 5 mm, 2 mm and 1 mm. Initially
2D nano-patterns were designed by Klayout Editor software
(https://www.klayout.de/), and e-beam lithography was used to
fabricate nano-pillar arrays on silicon substrates, following the
dry etch process, which has been described in our previous
work9 and elsewhere.18–20 Notably, the shape of pillar was
trapezoidal owing to the etching process and the diameter of
pillar increases from 500 nm (top) to 1 mm (bottom) (see Fig. S2,
ESI†). To clarify, we defined the pillar diameter and space
between pillars only based on the top of pillars in this study,
unless specifically noted.
The silicon nano-pillar arrays were treated with an antisticking agent (tridecafluoro-1,1,2,2-tetrahydrooctyl)-trichlorosilane
(Gelest Inc.) by exposure in a desiccator under vacuum for
30 minutes. To get negative replicas from the silicon substrates,
a mixture of polydimethylsiloxane (PDMS) solution was
prepared using SYLGARD 184 Elastomer Kit (Dow Corning
Corporation, Midland, MI) with a base-to-curing agent ratio
of 10 : 1 (wt/wt). The pre-polymer solution was thoroughly
mixed and degassed under vacuum for 30 minutes to eliminate
air bubbles. The mixture was poured over the silicon substrates
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in a Petri dish and cured at 70 1C for 2 hours. After cooling at
room temperature, the negative PDMS mould was gently peeled
oﬀ from the substrate. To get the final replicas of the nanopillars on silicon substrates, UV-curable epoxy (OG 142-87,
Epoxy Technology, Inc.) was poured onto the negative PDMS
mould fabricated above, and air bubbles were removed by a
plastic disposable pipette. The poured UV-curable epoxy was
covered with a pre-cleaned glass slide, and cured at B100 mW
at 365 nm, for 20–25 minutes under a UV-lamp. After cooling to
room temperature, the cured epoxy was demoulded by bending
the PDMS mould. The epoxy replicas can be stored for about a
month at room temperature without noticeable deformation.19
2.2

Bacterial culture and biofilm formation of P. aeruginosa

P. aeruginosa PAO1-mCherry, PAO1 DfliM and DpilA were used
throughout this study. PAO1-mcherry is the derivative of
P. aeruginosa PAO1-N (Nottingham subline,21 kindly provided
by Dr James Brown), which was engineered via chromosomal
insertion (attTn7::ptac-mcherry) to constitutively express
fluorescent proteins, and is a biofilm-forming bacterial strain
that has been widely used.9,22,23 PAO1 mutant strains which
lack flagella (BDfliM) and lack the main Type IV pilus filament
protein (BDpilA) were kindly provided by Prof. Matthew Parsek
(University of Washington).24–26 For bacterial adhesion and
biofilm formation assays, cells were routinely cultured in
Trypticase Soy Broth (TSB) (Melford Laboratories Ltd, UK), in
a shaker at 180 rpm, 37 1C for 16 hours and then diluted to
OD600 = 0.01 in 100 diluted TSB with a spectrophotometer
(Biochrom Libra S11, Biochrom Ltd, Cambridge, UK). Prior to
seeding, the epoxy nano-pillar substrates were added to wells of
a 12-well culture plate. To assay bacterial adhesion to surfaces,
3 ml of the diluted bacterial culture was incubated with
substrates for 2 hours at 37 1C and then removed for visualization.
To examine the effect of nano-pillars on biofilm formation, 3 ml of
diluted bacterial suspension was added to each sample, and
incubated for 24 hours at 37 1C. In this study, at least three
independent experiments were performed for each substrate type.
2.3

Fluorescent microscope analysis

The substrates were removed from the wells with sterile forceps
and gently rinsed three times with Phosphate Buﬀered Saline
(PBS, pH = 7.4) to remove non-adherent or loosely adhered
bacteria.2,9 The samples were then visualized by Olympus BX61
upright fluorescent microscope with a 20 lens. The area of
periodic nano-pillars was initially identified using the brightfield channel. The attachment and alignment of bacterial cells
on nano-pillars after 2 hours’ incubation was visualized by
acquiring 2D fluorescent images under the focal plane. An area
of 121.25  108.75 mm2 was randomly selected from the 2D
fluorescent images. The fluorescent images were decomposed
into the corresponding fast Fourier transforms (FFT) images via
Matlab code. The Fourier Transform decomposes an image into
its sine and cosine components, and each point represents a
particular frequency contained in the spatial domain image.
Therefore, the FFT images contain the peaks associated
with the spatial frequencies of bacteria within the nano-pillars.4
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The alignment of bacterial cells was further analyzed by an
in-house made Matlab code, and categorized as Parallel (0–301),
Diagonal (30–601) or Perpendicular (60–901), according to the
smallest angle difference between the cell and horizontal axis of
nano-pillar pattern (defined as 01). On the other hand, the surface
coverage of bacteria on nano-pillars was determined by calculating
the surface area of bacteria cells with ImageJ.9 For the biofilms
formed after 24 hours, z-stacks were performed through the
thickness of biofilm from six random locations on the surface.
The biomass under each field of view (430.00  324.38 mm2) was
determined by COMSTAT2 plugin (Lyngby, Denmark) in ImageJ.
2.4

Scanning electron microscope analysis

In this study, bacterial attachment and biofilm formation on
epoxy nano-pillar substrates were visualized with a Dual Beam
Focussed Ion Beam Scanning Electron Microscope (FIB-SEM)
system. The samples were washed with PBS and fixed in 2%
glutaraldehyde in 3 M Sorenson’s phosphate buﬀer overnight at
4 1C. The samples were transferred to a new plate and dehydrated
through a series of ethanol solutions of 25% (v/v), 50%, 75%, and
100%, followed by critical point drying. Then the samples were
sputter-coated with 16 nm platinum coating using a Cressington
328 ultra-high quality coater to improve imaging quality in the
Dual Beam system, following the visualization of SEM. The beam
voltage and current were set to 5 kV and 0.34 nA, respectively.
2.5

Statistical analysis

Data are represented by mean values with standard errors throughout. Statistical diﬀerences between samples were determined by
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One-way ANOVA with Tukey’s test for multiple comparisons.
P o 0.05 was considered statistically significant in this study,
as indicated by the symbols in the representative figures. The
Pearson correlation analysis was used to determine the linear
correlation between statistics as noted in main texts.

3 Results and discussion
3.1

Bacterial alignment within nano-pillars after 2 hours

P. aeruginosa PAO1-mCherry, a rod-shaped bacterium, was
grown for 2 hours on the periodic nano-pillars with varying
spaces (B5 mm, 2 mm and 1 mm). All the nano-pillars had
a diameter of about 500 nm, a height of 2 mm, and were
periodically arranged in an array with square symmetry.
We found that the initial attachment of P. aeruginosa exhibited
preferences in cell alignment that were dependent on the
spaces between pillars, as shown in the fluorescent microscopy
images (Fig. 1a). These fluorescent images only contained the
red signals meaning the aligned rod-shaped cells, thereby
neglecting the background of pillars. Therefore, their corresponding fast Fourier transform (FFT) images (Fig. 1b) can
indicate the spatial orientations of attached cells, as shown in
white positional peaks within FFT images. For nano-pillars with
spacing of 5 mm that is much larger than the cell dimensions,
bacterial attachment to the surface was apparently random and
no specific orientation was observed. In addition, the FFT
images of cells within 5 mm-spacing nano-pillars showed no
orientational order, akin to attachment on the flat surface,
which had only faint positional ordering peaks showing as a

Fig. 1 The orientation/alignment of P. aeruginosa PAO1-mCherry cells on periodic nano-pillars after initial attachment (B2 hours). (a) Fluorescent
microscopy images of orientated cells on flat and nano-pillar patterned (B5 mm, 2 mm and 1 mm-spacing) surfaces. (b) The corresponding FFT images
indicated the diﬀerent ordering of cells. [01] indicated the perpendicular ordering direction, [10] indicated parallel ordering direction and [11] indicated the
diagonal ordering direction. (c) The corresponding false-coloured SEM images also showed the diﬀerent bacterial alignment with the decreasing of nano-pillar
spaces. (d) Bacteria attached parallel or perpendicular to nano-pillars with the space of 1 mm. (e) And this transition is apparent as shown in the SEM image.
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white spot (Fig. 1b). When the space of nano-pillars decreased
to 2 mm, the white peaks in the FFT images seemed to show a
tendency towards the perpendicular [01] and parallel [10]
ordering directions (Fig. 1b). Surprisingly, when the top space
between nano-pillars decreased further to 1 mm that approaches the dimensions of P. aeruginosa, bacteria exhibited
specific cell alignment (or orientation) and predominantly
attached parallel or perpendicular to nano-pillars (Fig. 1d).
The corresponding FFT image (Fig. 1b) also showed a clear
transition that the faint central spot of FFT extended towards
the [10] and [01] ordering peaks when the pillar spaces
decreased, indicating preferential cell orientation and alignment
on the surfaces. The SEM images (Fig. 1c) also confirmed the
diﬀerent bacterial alignment with the decreasing of nano-pillar
spaces. An SEM image at the edge of the nano-pillar array with
the space of 1 mm showed clearly the preferential alignment of
cells on the nano-pillar area compared with the flat area (Fig. 1e).
The abrupt change at the interface suggested that the change in
cell orientation were specifically related to the surface topography features. Therefore, we hypothesized that the preferential
orientation/alignment behaviour of cells when attaching onto
nano-pillar were attributed to the diﬀerent pillar spaces, and
nano-pillars with smaller spaces that comparable to bacterial
size would have a more significant eﬀect.
An in-house made MATLAB code was used to quantify the
cell orientation/alignment of P. aeruginosa on the periodic
nano-pillars. These data confirmed that the spacing of nanopillars has profound eﬀects on the diﬀerent cell orientation/
alignment. For the nano-pillar with 5 mm spacing, the cell
orientation exhibited a near-uniform distribution of attachment angles (Fig. 2) (p 4 0.05), which is similar to the angle
distribution as found on flat surface. If the space of nanopillars decreased to 2 mm, more cells orientated as ‘‘Parallel
(0–301)’’ (41.58  5.75% of the total attached cells) and
‘‘Perpendicular (60–901)’’ (36.56  5.30%), than ‘‘Diagonal
(30–601)’’ (21.86  5.36%) (p o 0.05). When the space of
nano-pillars decreased further to 1 mm, it became even clearer

Fig. 2 Distribution of P. aeruginosa cell orientation/alignment on flat and
nano-pillar patterned (B5 mm, 2 mm and 1 mm-spacing) surfaces after
2 hours’ incubation, *statistically significant diﬀerence (p o 0.05).
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that most cells orientated as ‘‘Parallel (0–301)’’ (40.42  8.36%)
or ‘‘Perpendicular (60–901)’’ (44.37  8.76%) (p o 0.05), which
is consistent with the fluorescent microscopy images shown in
Fig. 1d. The quantification above confirmed that the periodic
nano-pillars with smaller spaces have profound effects on the
cell orientation/alignment when attaching onto the nano-pillar
surfaces, which is consistent with previous investigations.4
3.2 Bacterial attachment was delayed on nano-pillars of
smaller spaces
By quantifying the fluorescent signal in the microscope images
shown in Fig. 1a, the nano-pillar space was found to be
positively correlated with the extent of initial bacterial attachment (Fig. 3, r 4 0.98 for all surfaces, Pearson correlation
analysis). The total attachment of P. aeruginosa cells on flat and
nano-pillar surfaces was ranked in the order: flat surface 4
5 mm-spacing 4 2 mm-spacing 4 1 mm-spacing. Additionally,
all the nano-pillar surfaces harboured less surface area covered
by bacteria, as compared with the flat surface (p o 0.05). On the
other hand, both 2 mm-spacing and 1 mm-spacing nano-pillar
surfaces had fewer attached bacterial cells as compared with
5 mm-spacing structures (p o 0.05). The diﬀerence between
attachment to 2 mm-spacing and 1 mm-spacing nano-pillar
surfaces was not significant (p = 0.13). Therefore, in addition
to the eﬀects on cell orientation/alignment of P. aeruginosa, the
periodic nano-pillars were also found to be inhibitory to initial
bacterial attachment. Regarding the preference of bacteria
attachment to specific dimensions of surface topographies
and how it may be trapped between pillars or grooves, the
same principle of maximizing the contact area between bacteria
and matrix applies to cocci.2,9,27
Next, we sought to look more closely at the impact of nanopillars with diﬀerent spaces on initial bacterial attachment.
We used SEM at a high magnification to visualize the interaction of P. aeruginosa with surfaces (Fig. 4a–f). In addition,
we analyzed multiple SEM images (n = 20) of P. aeruginosa cells
to measure cell dimensions and found the diameter was 0.54 
0.10 mm and the length was 1.37  0.81 mm in this study. It was
noted that most bacterial cells preferentially colonized the
areas between nano-pillars (Fig. 1c and 4), which was attributed
to additional colonization sites in these areas compared with

Fig. 3 Surface area covered by bacteria in the field of view (121.25 
108.75 mm2) for each surface after 2 hours’ incubation. *Statistically
significant diﬀerence compared with flat surface (p o 0.05). Three
independent experiments were performed for each substrate type.
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have more chances to contact nano-pillars, thereby attach
preferentially and irreversibly re-position between nano-pillars.
3.3 Bacterial nanotubes aid in the cell–cell connections on
nano-pillars after 2 hours

Fig. 4 Adherence of P. aeruginosa on diﬀerent nano-pillar surfaces after
2 hours’ incubation. Red arrows: extending nanotube webs bridging the
sidewalls of nano-pillars; yellow arrows: long intercellular nanotubes
bridging neighboring cells and occasionally the nano-pillars; dashed
yellow arrows: short intercellular nanotubes bridging closely neighboring
cells. Green arrows: nanotubes exhibiting dark appearances.

the top of nano-pillars.2,28 For 5 mm-spacing nano-pillar surface, since the spacing between pillars is much larger than the
bacterial cell size, up to 10 bacterial cells can deposit between
parallel/perpendicular pillars while arranged flat against the
surface (Fig. 1c and 4a, b). Also, 23.14  10.18% of the attached
cells (based on SEM images, n = 10; cell number = 314) were
found to contact the sidewalls of nano-pillars. When the nanopillar space decreased to 2 mm, which is near to the length of
P. aeruginosa, up one to two bacteria can lie within the parallel/
perpendicular pillars (Fig. 1c and 4c, d). Longer cells were able
to contact two pillars; however, two bacterial cells can also
squeeze between the pillars as shown in Fig. 4c and d. On the
other hand, 88.66  11.34% of attached cells (based on SEM
images, n = 10; cell number = 98) were in contact with the
sidewalls of nano-pillars on the 2 mm-spacing nano-pillar
surfaces. When the pillar spaces further decreased to 1 mm,
and the bottom space between adjacent trapezoidal pillars can
further deceased to 500 nm (Fig. S2, ESI†), either top or bottom
space is closer to the diameter of P. aeruginosa. Therefore,
98.82  1.18% cells squeezed between the pillars (based on
SEM images, n = 10; cell number = 76), as the space only
allowed up to one bacterial cell to lie in between nano-pillars,
thereby resulting in cell alignment (Fig. 4e and f). Surfaces with
a smaller space between pillars provide fewer colonization
sites for bacterial cells, and this can inhibit initial bacterial
attachment as previously reported.2,28 Bacteria tend to maximize their contact area with surface textures, and nano-pillars
act as topographical extensions of the substrate. Therefore,
cells preferentially make contacts with nano-pillars, and consequently align within the periodic nano-pillars. Within the
same nano-patterned area, the density of nano-pillars increases
with the decreasing of the spacing between neighbouring nanopillars, providing extra colonization sites for bacterial cells.
This possibly explained why the attached cells on 2 mm-spacing
and 1 mm-spacing nano-pillar surfaces were not significantly
different. On a denser patterned surface bearing nano-pillars
with spaces that comparable to bacterial size, bacteria cells can

This journal is © The Royal Society of Chemistry 2020

Interestingly, the high-resolution SEM images (Fig. 4) showed
tubular structures (hereafter referred to as ‘nanotubes’)
projecting from cell surfaces at diﬀerent positions. These
bacterial nanotubes were measured to be several micrometers
in length and about 20–100 nm in diameter, consistent with
dimensions previously reported for these structures.29 Strikingly,
we observed that ‘‘root-like’’ extending nanotubes projected
from a single cell surface and elongated to a distance of a few
microns, sufficient to bridge the sidewalls of nano-pillars (Fig. 4,
red arrows). We observed that extending nanotubes sometimes
interconnected distal cells (Fig. 4, yellow arrows). Even these
‘‘long-distance’’ intercellular nanotubes occasionally made
contacts with the nano-pillars. Also, ‘‘short-distance’’ intercellular nanotubes (B1 mm in length) were visible between
cells lying in proximity (Fig. 4, dashed yellow arrows), and
connected the neighbouring cells. Notably, long extending or
intercellular nanotubes frequently exhibited both bright and
dark regions, which might be attributed to the different focal
positions under the SEM. The nanotubes originated from cell
surfaces at a higher focal position, the emergence sites were
usually brighter (Fig. 4, red and yellow arrows), akin to the
thickness of short intercellular nanotubes (Fig. 4, dashed
yellow arrows). The dark regions of longer nanotubes (Fig. 4,
green arrows) appeared thinner than the short intercellular
ones. To improve the visualizations, we used indium tin oxide
(ITO) glass substrates and identical culture conditions to
further characterize the nanotube networks under the SEM.
The excellent conductivity of ITO-glasses enabled nanotubes to
be viewed without coating samples (Fig. 5). The complex
nanotube networks were still visible, and exhibited uniform
thickness of around 20 nm for all nanotube types (Fig. 5). This
confirmed that the coating thickness and the different focal
planes contributed to the apparently dissimilar nanotube morphology within nano-pillars observed when samples had been
coated with platinum. On ITO-glasses, a single cell lacking
nearby neighbours still produced extending nanotubes that
formed a web-like network (Fig. 5a). By contrast, when other
cells were close, intercellular nanotubes emerged between
neighbouring cells, appearing as either long or short structures
similar to the cells within nano-pillars (Fig. 5b and c). The
observations above indicated that the development of nanotube
networks is prevalent when bacteria are grown on a solid
surface, and may mediate cell attachment.
The transition from reversible to irreversible adhesion of
P. aeruginosa involves cell repositioning to a longitudinal
position via cell appendages such as flagella or pili, as cells
that are bound by their pole are capable of spinning on their
axis or crawling to maximise the contact area between the
cells and the surface.11 To investigate whether these nanotubes
were either flagella or pili and whether they are involved in cell
alignment within the nano-pillars, mutants lacking genes
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Fig. 5 Adherence of P. aeruginosa on ITO glass substrates after 2 hours’
incubation, visualised by SEM without coating cells. Red arrows indicated
extending nanotubes emerged from the single cell; yellow arrows indicated the long intercellular nanotubes for connecting neighbouring cells;
dashed yellow arrows indicated the short intercellular nanotubes when
cells were residing close by.

essential for synthesis of either flagella or pili (PAO1 DfliM and
DpilA) were used. DfliM bacteria do not possess flagella and
exhibit impaired swimming and swarming motilities thereby
lacking cell spinning; and DpilA mutant exhibit a major deficit
in twitching motility thereby cannot ‘walk’ or ‘crawl’ over
surfaces.24,30 We grew these bacterial mutants on the nanopillars with the space of 1 mm for 2 hours, under culture
conditions identical to those used for the wild type P. aeruginosa
PAO1-mCherry. As shown in Fig. 6a, cell alignment of either
PAO1 DfliM or DpilA was similar to the wild type, and cell
alignment was predominantly parallel or perpendicular to the
arrangement of pillars. This indicates that there were no eﬀects
of appendage knockouts (i.e. flagella and pili) on the cell
alignment behaviour within nano-pillars. Notably, the nanotubes were also readily visible on bacterial mutants (Fig. 6b),
ruling out the possibility that these nanotubes are flagella or pili.
Our investigations above indicated that cell alignment may be
a general phenomenon, occurring in examples of wild-type
bacteria and in the absence of flagella or pili, which was also
consistent with the findings in other studies.4,13
Overall, the investigation above showed that the surface
topography at the micro- and nanoscale that is comparable to
the bacterial size, can aﬀect bacterial alignment and attachment. It is likely that cells try to maximize contact area with the
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Fig. 6 Bacterial attachment (2 hours) of P. aeruginosa PAO1 DfliM and
DpilA within nano-pillars. (a) Fluorescence microscopy images of PAO1
DfliM and DpilA showing that cell orientation is persistent even in strains
lacking appendages typically used for surface attachment. Cells were
labelled with SYTOt9 green fluorescent nucleic acid stain. (b) SEM images
of P. aeruginosa PAO1 DfliM and DpilA showing nanotubes. Red arrows
indicate extending nanotubes bridging the sidewalls of nano-pillars; yellow
arrows indicate intercellular nanotubes bridging neighboring cells.

surface topography, presumably to achieve a stronger and more
stable attachment, which results in a specific alignment behaviour of the attached cells. ‘‘Bacterial nanotubes’’ may mediate
bacterial growth on periodic nano-pillars. Similar observations
have also been reported recently showing diﬀerent morphologies compared with cell appendages such as flagella or
pili.29,31–34 By using bacterial mutants (DfliM and DpilA),
we ruled out effects of the appendage knockouts on nanotube
formation. However, further characterization of the composition of P. aeruginosa bacterial nanotubes may need sophisticated
techniques such as Cryo-EM and/or total internal reflection
fluorescence (TIRF) with super-resolution structured illumination
microscopy (SIM).35 Nevertheless, the occurrence of nanotubes in
both flagella and pilus mutants suggested that cell alignment
is related to interactions with the cell surfaces or biofilm components closely associated with the cell wall rather than to these
appendages. Here, we did not show direct evidence that nanotubes mediate cell alignment within the nano-pillars. It is plausible
that either extending or intercellular nanotube networks can greatly
increase the cell surface area and enhance its ability to sense
surrounding environment.31 Additionally, our high-resolution
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SEM images provide evidence that nanotubes can aid cell–cell
connections after bacterial growth on surfaces even over a short
time (2 hours).
3.4 The growth of P. aeruginosa biofilm is aided via bacterial
nanotubes on periodic nano-pillars after 24 hours
By using fluorescence microscopy and SEM (Fig. 7a and b), we
investigated P. aeruginosa growth on periodic nano-pillars after
24 hours. Firstly, we evaluated whether nano-pillars can delay
biofilm growth as a consequence of impaired attachment
within nano-pillars. The total biomass on the flat surface was
found to be almost 1.5 times, twice and 1.8 times more than
that on nano-pillar surfaces (5 mm-spacing, 2 mm-spacing and
1 mm-spacing, respectively) (see Fig. 7c). The flat surface
harbored more P. aeruginosa biofilm clusters shown as a 3D
structure with well-connected nanotube filament networks as
shown in the SEM images (Fig. 7b1-2). Smaller biofilm clusters
with nanotube networks were also found between the nanopillars on the 5 mm-spacing structure (Fig. 7b3). In addition,
small aggregates comprising approximately 7 cells were found
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near the pillar, and were connected to each other via the
nanotube filament network. Similar observations were also
found on the 2 mm-spacing structure (Fig. 7b5-6 and Fig. S3c,
ESI†) and the biomass was significantly lower than that on
5 mm-spacing structure (Fig. 7c, p o 0.05). Surprisingly, we
observed that bacterial cells filled into the 1 mm-spacing
structure and started forming biofilm clusters at the top layer
of nano-pillars (Fig. 7b7-8). The biomass on this surface
(18.68  2.70 mm3 mm 2) appeared greater than that on 2 mmspacing structure (14.99  2.66 mm3 mm 2) although diﬀerences
were not significant (Fig. 7c, p = 0.61). Notably, the presence of
a dense and much more complex web of nanotube filaments
surrounding the cells was observed on this surface (Fig. 7b8
and Fig. S3d, ESI†). Similar to the adherence of P. aeruginosa
within nano-pillars after 2 hours, extending nanotubes after
24 hours bridged the sidewalls of nano-pillars (Fig. 7b, red
arrows) and some intercellular nanotubes bridged the neighboring cells (Fig. 7b, yellow arrows). Surprisingly, some nanotubes reached up to 10 mm (or even longer) via migrating across
the nano-pillars (Fig. 7b and Fig. S3, ESI†), even though there

Fig. 7 Early stage P. aeruginosa PAO1-mCherry biofilms grown on diﬀerent surfaces for 24 hours: (a) representative fluorescent images shown as
maximum intensity projections through the thickness of the biofilms. (b) SEM images: where red dashed arrows indicated the migration of nanofibers, red
arrows indicated the nanotubes that bridged the sidewalls of nano-pillars, and the yellow arrows indicated that intercellular nanotubes bridged the
neighboring cells. (c) Biomass volume per unit area on the nano-pillar substrates. *Statistically significant diﬀerence compared with flat surface
(p o 0.05). Three independent experiments were performed for each substrate type.
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were no bacterial cells settling ont the pillars. These long
nanotubes were able to connect distantly isolated cells. It was
likely that the observed nanotube filament networks became
more complex over time and were helping cells to connect each
other and form either bacterial aggregates or clusters.
We next set out to characterize biofilm growth on the
periodic nano-pillar surfaces over time. The first interesting
observation was that, despite the diﬀerent spaces of nanopillars, P. aeruginosa still progressed through the typical early
stage of biofilm development (Fig. S3, ESI†), although the
biomass on nano-pillar surfaces was lower than that on the
flat surface (Fig. 7c). At this stage, cells did not show any
preferential orientation behavior as cells start to form aggregates or clusters, involving a much more complicated dynamic
process. We observed that a preliminary biofilm cluster with a
3D structure formed between the nano-pillars with 5 mm space
(Fig. 7b3 and Fig. S3b, ESI†), with a morphology which was akin
to that on the flat surface (Fig. S3a, ESI†). By contrast, on 2 mmspacing or 1 mm-spacing nano-pillars, P. aeruginosa developed
smaller and more heterogeneous bacterial clusters on recessed
portions of patterned surfaces, possibly because nano-pillars
isolated the bacterial cells or aggregates (Fig. S3c and d, ESI†).
One way to inhibit early-stage biofilm is employing a specific
surface topography to hinder cell body contacts.1 Here, periodic
nano-pillars with varying spaces engineered the initial bacterial
attachment as cells only attached within the confined pillar spaces,
and nano-pillars with a smaller space had lower attachment.
Therefore, bacterial cells were apparently isolated and separated by the nano-pillars. However, the height of pillars is
around 2 mm, which is similar to the dimension of P. aeruginosa
cells. Therefore, multiple bacterial cells can easily deposit
between nano-pillars (Fig. 7b5–8). This is apparent on nanopillars with 1 mm and 2 mm spaces, which showed that cells
covered the pillar gaps and formed multi-layered bacterial
clusters either around or on top of the nano-pillars (Fig. S3c
and d, ESI†). Additionally, the accumulated cells can either
mask the surface chemistry or smooth the surface topography,
and serve as a conditioning film to provide nutrients and
adhesion receptors for subsequent bacterial attachment.2
Collectively, nano-pillars can delay biofilm growth owing to
the isolation of cells within the structure, while they may be less
effective over time with forming small biofilm clusters.
The second interesting observation is that the 1 mm-spacing
nano-pillars were not eﬀective in delaying biofilm growth since
more biofilm biomass (Fig. 7c), was observed compared with
the 2 mm-spacing nano-pillars after 24 hours. Our preceding
results have shown that the smallest space (B1 mm) has
the lowest attachment (Fig. 3b). Therefore, there seems to be
another separate eﬀect that mediates bacterial growth on nanopillars. We noticed that biofilm clusters developed within
the confined spaces, while some separated bacterial cells or
aggregates were connected via the nanotube networks. Notably,
the nanotube networks were still visible for the bacterial
mutants (PAO1 DfliM and DpilA) after 24 hours, and showed
similar morphology to biofilms of wild-type bacteria (Fig. S4,
ESI†). Unlike the nanotubes which only contact the sidewalls of
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nano-pillars after 2 hours, the nanotubes of wild-type or mutants
after 24 hours elongated into web-like networks via migrating over
nano-pillars (Fig. S4, red arrows, ESI†). It is likely that these
nanotubes can explore the local geometry by binding onto the
nano-pillars, and increase the cell surface area resulting in
improved connections with neighbouring or distal cells. To better
characterize the nanotube networks without the shielding of cell
clusters, we allowed bacteria to attach within nano-pillars after
2 hours; after washing with PBS to remove loosely attached cells, we
supplied fresh TSB and cultured for a further 24 hours (Fig. S5,
ESI†). Strikingly, we observed the elongation of nanotube networks
that connected the nano-pillars one by one. Within the nano-pillars
of 2 mm space, nanotubes were observed that continuously
connected around 4–10 pillars (Fig. S5a, ESI†). By contrast, the
nanotubes continuously connected around 20–30 pillars within
the nano-pillars of 1 mm space (Fig. S5b, ESI†). This indicated
that nano-pillars with smaller spaces could enhance the connections between nanotubes. Here, we speculated that the nanopillars acted as nodes within the nanotube networks to promote
their extension and elongation. Nano-pillars of 1 mm-space have
more pillars within the same projected area and smaller spaces;
thereby can provide additional surface area for continuously
spreading nanotubes along the nano-pillars. Therefore, the
nano-pillars with the space of 1 mm cannot effectively isolate
the cell clusters, as the nano-pillars can be easily overcome by
the nanotubes that connected the bacterial aggregates far away.
Here, the separated bacterial cells or aggregates can possibly
communicate via the connected nanotube networks instead of
direct cell body contacts, thereby promoting further biofilm
development. This hypothesis is consistent with the observations showing increased biofilm growth and more complex
nanotube networks on 1 mm-spacing nano-pillars.
Materials introduced into the body will rapidly become
coated with host cells and/or body fluids such as saliva or
serum, which can influence microbial adhesion.36 However,
these coatings vary between individuals and even from one
individual at diﬀerent times of day.36 Therefore, to maintain
consistency in our measurements, we did not attempt to model
the interaction with host components. Nevertheless, further
development of these surfaces will require a rigorous assessment of the impact of host components on bacterial attachment and nanotube formation. Recent studies have shown that
it is possible to develop materials that promote host cell
adhesion while still retaining the capacity to inhibit the early
stages of attachment of bacteria such as P. aeruginosa and Grampositive cocci.37,38 Flow can also aﬀect bacteria attachment. Flow
not only provides a higher supply rate of bacteria to the surface but
also increases the shear stress imposed on adherent bacteria.38
It has been reported that nanopillars with diﬀerent geometries (e.g. cone-shape, cylindrical) could achieve similar
antibiofilm performance when the feature sizes were well
modulated.39,40 It is unclear whether the conical geometry
may be superior over a cylindrical shape. There is a lack of
information about the pure ‘‘geometry eﬀect’’ in the literature.
Indeed, such a comparison would be diﬃcult because the size
eﬀect is always associated with geometry eﬀect.
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In this study, we have focussed on the early stages of
attachment and colonisation of surfaces (up to 24 hours) by
bacteria. Whilst in some applications, the inhibition of adhesion is very important, this does not necessarily translate to
long-term anti-bacterial eﬃcacy of the material. For example,
lotus-leaf inspired superhydrophobic surfaces have trapped air
within the micro or nanostructures that restricts the direct
contact between the solid surfaces and microorganisms,
thereby inhibiting initial bacterial attachment.9,41–43 However,
recent studies have shown that the prolonged immersion
(1–4 hours) of superhydrophobic surfaces can result in the loss
of the air-layer and subsequent bacterial growth may exceed
that of the corresponding control materials.44–46 Therefore, it is
not expected that the nanopillars in the present study can have
long-term antibiofilm performance. However, it is very interesting to understand how the nanotubes produced by bacteria
will mediate bacteria cluster formation, which is the major
focus in current study.
Bacterial nanotubes or nanotube networks have been found
within various bacterial species, suggesting that their existences is widespread in nature. For example, nanotubes of
B. subtilis cells were formed within several minutes after
bacteria grew on a solid surface, and appeared as both intercellular tubes and extending tubes.35 In addition, cryo-EM
analysis showed that nanotubes directly emanate from the
cytoplasmic cell membrane, consisting of chains of consecutive
constricted segments harboring a continuous lumen.31,35 Also,
these nanotube networks can serve as a route for exchange of
cellular molecules within and between species.29 Extracellular
nanotube-like networks have also been implicated in longrange extracellular electron transport in Geobacter sulfurreducens,
Shewanella oneidensis MR-1, Pelotomaculum thermopropionicum
and Methanothermobacter thermoautotrophicus.47–51 Additionally,
nanotube-like networks of S. oneidensis MR-1 have been found to
be extensions of the outer membrane which are associated with
outer membrane vesicles, structures ubiquitous in Gram-negative
bacteria, rather than pilin-based structures as previously thought.52
Similarly, there is evidence that nanotube networks produced by
Myxococcus xanthus consist of outer membrane vesicle chains,
which connect cells spatially and transfer outer membrane proteins
in a contact-dependent manner, thereby promote biofilm growth.53
Even though observations of nanotubes within various bacteria
have been reported, little is known about the mechanism of
nanotube formation. A gene implicated in nanotube formation
of B. subtilis is ymdB, encoding a calcineurin-like phosphodiesterase; ymdB mutants exhibited a marked deficiency in
nanotube production.31,35 YmdB can repress the expression of
motility genes and induce the expression of genes associated
with biofilm formation, hence controlling the switch from a
motile to a multicellular sessile lifestyle.31 Additionally, recent
studies revealed that the export apparatus of B. subtilis or E. coli
flagella, designated CORE, can communally serve for the generation of both flagella and nanotubes.32,33 Mutants lacking
CORE genes produce very limited nanotube networks and are
deficient in the associated intercellular molecular trafficking.32
Whilst the mechanism of nanotube formation remains unclear,
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it is likely that the development of nanotube networks may
be an early stage in biofilm formation. Bacterial nanotubes
provide the foundation for unhampered intercellular molecular
flow via bridging the cells.31 Various SEM images of bacterial
biofilms have indicated the potential existence of bacterial
nanotubes as prominent bridges between cells.31,54 Our
preliminary SEM images of Staphylococcus epidermidis which
was incubated under different timeframes, also showed the
prevalent occurrence of nanotubes on different surfaces
(Fig. S6–S9, ESI†), which appeared to bridge and connect cells.
Gram-positive S. epidermidis does not produce flagella or pili,
yet tube-like structures were still visible (Fig. S6–S9, ESI†).
Although similar nanotubes have sometimes been described
as bacteria fibrils,54 this is not entirely consistent with our
observations of extending nanotubes within biofilm growth
(Fig. S9, ESI†). However, mature bacterial biofilms are complex
and heterogeneous structures, and the substantial mass of
EPS may shield the nanotubes, thereby making it difficult to
decipher the nature of these connections.

4 Conclusions
In summary, the cell alignment, bacterial attachment and
biofilm formation of clinically relevant strains of P. aeruginosa
were investigated on periodic nano-pillar surfaces. Over a short
time (B2 hours), bacterial cells showed lower attachment on
the nano-pillar surfaces owing to cells preferentially attaching
within the confined spaces of nano-pillars. In particular, the
1 mm-spacing nanopillars had a strong influence on the
orientation of cells, which predominantly attached in parallel
or perpendicular directions to the nano-pillars.
The most interesting findings is that bacterial nanotubes
(membranous intercellular bridges) contact either the nanopillars or other cells. By using the bacterial mutants (DfliM and
DpilA) lacking flagella or pili, we further demonstrated that
such cell alignment behavior within nano-pillars is independent of flagella or pili, and is possibly due to the cell’s
preference to maximize their contact area with the surface,
where the pillars act as topographical extensions of the substrate. Additionally, nanotubes occurred in the wild-type and
bacteria mutants, indicating that the formation of bacterial
nanotubes is not dependent on flagella or pili.
Smaller bacterial clusters were formed in between nanopillars after 24 hours, and were likely to be isolated by the nanopillars. Therefore, the bacterial growth of P. aeruginosa after
24 hours was delayed on periodic nano-pillars, with reduced
biofilm biomass compared with the flat surfaces. However, the
1 mm-spacing nano-pillars, which showed the lowest bacterial
attachment after 2 hours, were not eﬀective in delaying biofilm
growth after 24 hours. Nano-pillars with smaller spaces
appeared to help the extension and elongation of bacterial
nanotube networks. Therefore, nano-pillars can be easily overcome by the nanotubes that connected the isolated bacterial
aggregates. Such nanotube networks can possibly aid cell–cell
communication, thereby promoting further biofilm development.
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The findings above will be helpful for designing more effective
biomaterial surfaces for controlling biofilm growth. In particular,
determining a threshold for controlling bacterial nanotube
development will be important for isolating bacterial clusters which
will be our future work. In addition, the nano-pillar surfaces
described here provide a useful tool for investigating the elongation
of nanotubes, and may pave a way for future characterization of
bacterial nanotubes.
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